Introduction
============

The transition from meiosis to mitosis is a fundamental process in animal development. Although it has been widely assumed that fertilization by the sperm triggers the immediate start of mitotic divisions, very little is known about how the transition from meiosis to mitosis is achieved. One of the most remarkable features of this transition is the shift from acentrosomal to centrosomal spindle formation. The centrosome was originally identified as the structure in the cytoplasm from which spindle poles form ([@bib5], [@bib6]; [@bib51]) and has been defined by structure using electron microscopy ([@bib10]; [@bib3]) but not by function ([@bib29]). Centrosomes contain two centrioles surrounded by pericentriolar material ([@bib50]; [@bib4]). At early interphase, each cell has one pair of centrioles, which duplicate to give rise to two pairs to be segregated equally during cell division.

When sperm and oocyte fuse to generate a zygote, a single pair of centrioles is provided by the sperm in most organisms, whereas oocyte centrioles degenerate before fertilization ([@bib47]; [@bib40],[@bib41]). This mechanism has been suggested to serve as a safeguard against parthenogenetic development and centrosome overduplication ([@bib45]). However, in rodents, sperm centrioles also degenerate during spermiogenesis, becoming unidentifiable by electron microscopy ([@bib53]; [@bib39]; [@bib30]). Nonetheless, centrioles are identified by electron microscopy in the blastocyst (i.e., 64-cell stage; [@bib14]). These findings suggest that the first few cell cycles in early mouse development may exhibit centriole-independent mitotic cell divisions. Furthermore, contrary to the classical view, the centriole may be generated de novo under physiological conditions ([@bib46]; [@bib28]).

Recent studies have begun to shed light on de novo centrosome formation under experimental conditions. *Drosophila melanogaster* embryos mutated for DSAS4 lose centrioles but still develop to term ([@bib2]), and cultured cells in which centrioles were destroyed regenerated a centriole ([@bib19]; [@bib25]). Although the centriole appears dispensable under certain experimental conditions, it is essential for *Drosophila* embryogenesis because mutations in SAK/PLK4, a protein necessary for centriole duplication, lead to early embryonic lethality ([@bib37]).

The centrosome plays a major role in spindle assembly in most animal cells, acting as a scaffold to initiate microtubule polymerization by stabilizing microtubule minus ends. Spindles can also assemble in the absence of centrosomes ([@bib16]). Acentrosomal spindle assembly is particularly important in oocytes of many species, including mouse and human. In mouse oocytes, the spindle is assembled by microtubule-organizing centers (MTOCs) together with the plus end--directed motor kinesin-5 and possibly the minus end--directed motor dynein ([@bib44]). Cytoplasmic MTOCs are recruited to the surface of the germinal vesicle (nucleus of the oocyte), in turn leading to stochastic self-organization of the barrel-shaped spindle. However, the mechanisms underlying mitotic spindle formation in the absence of centrioles in the early mouse embryo and how the transition proceeds from multipolar meiotic to the bipolar mitotic spindle assembly driven by centrosomes remain unknown.

Our present study uses a combination of quantitative live-embryo imaging, fixed-cell analysis, embryo micromanipulation, and small-molecule perturbation to address the transition from meiosis to mitosis in the mouse embryo. Although this transition is classically defined sharply by the time point of sperm fertilization, we found that spindle morphology and characteristic features of cell division change only very gradually toward centrosomal divisions over the first eight embryonic cleavages during the preimplantation stage from the zygote to the blastocyst. Our findings set the stage for exploring the molecular mechanisms by which the centrosome and mitotic cell division are established de novo in early embryonic development.

Results
=======

Randomly distributed MTOCs form a multipolar spindle that progressively clusters into a barrel-shaped spindle in the mouse zygote
---------------------------------------------------------------------------------------------------------------------------------

To investigate how the transition from meiosis to mitosis proceeds during oocyte to embryo development, we systematically analyzed MTOC organization, spindle assembly, and morphology in mouse oocytes, zygotes, and embryos throughout the preimplantation stage. First, we examined how microtubules are organized at the transition from oocyte to zygote by immunohistochemical analysis. In the oocyte at second meiotic metaphase (MII oocyte), MTOCs, defined herein by localization of pericentrin, were distributed throughout the cytoplasm and clustered at the spindle poles ([Fig. 1 A](#fig1){ref-type="fig"}). The microtubules nucleated at cytoplasmic MTOCs were relatively short, and a space-filling microtubule network was missing, consistent with the findings of [@bib20]. Similar analysis of the zygote upon fertilization revealed the random distribution of cytoplasmic MTOCs in early interphase (P \> 0.9 for \>40 MTOCs, each from 3 zygotes; Kolmogorov--Smirnov test; [Fig. 1 B](#fig1){ref-type="fig"} and [Fig. S1, A and B](http://www.jcb.org/cgi/content/full/jcb.201202135/DC1){#supp1}). We detected no polarized distribution of MTOCs or the dense microtubule network in midzygotic interphase ([Fig. 1 C](#fig1){ref-type="fig"}).

![**Stochastic MTOC assembly leads to formation of the multipolar spindle followed by progressive clustering into a barrel-shaped spindle.** (A--I) Immunofluorescence staining of the mouse MII oocyte (A) and zygotes (B--I) fixed at consecutive stages of development: early interphase (18 h after hCG), in which the fertilization cone (dotted line) forms in response to sperm entry (B); mid (C)- and late (D) interphase (21 and 25 h after hCG, respectively); prophase (E); early (F), mid (G)-, and late (H) prometaphase; and metaphase (I; 28 h after hCG). Single-section images (C--H) or z-projected images of confocal sections (A, B, and I) show microtubules, pericentrin, and DNA. In B, arrowhead marks male chromatin delivered by the sperm; asterisk marks the second meiotic spindle. Note the absence of MTOC enhancement in the fertilization cone. Arrows in D and E mark MTOCs on the pronuclear surface. Upon NEBD, a multipolar spindle forms with no major axis (early prometaphase; F). Arrowheads in F and G mark the multipoles. A few major axes become visible in midprometaphase (G), consolidating into a single major axis with minor additional axes in late prometaphase (asterisks; H) and eventually forming a barrel-shaped spindle with pericentrin localized on two ring-shaped poles (metaphase; I). (J) Live imaging of mouse zygotes during the first division at prophase (left), prometaphase (middle), and metaphase (right). Z-projected images of confocal sections (3 µm thick) show microtubules (EGFP-MAP4; gray) and DNA (H2B-mRFP1). Circles and arrows mark MTOCs and the multipoles, respectively. Bars, 10 µm. Time is given in hours and minutes after NEBD.](JCB_201202135_Fig1){#fig1}

At late zygotic interphase, the cytoplasmic microtubule network disappeared, whereas microtubules emanating from MTOCs became increasingly prominent ([Fig. 1 D](#fig1){ref-type="fig"}), suggesting that MTOCs become more actively engaged in microtubule polymerization. The mean size of MTOCs also increased from 0.54 ± 0.14 µm (*n* = 28) at 16.5 h after injection of human chorionic gonadotropin (hCG) to 0.67 ± 0.25 µm (*n* = 29) at 25 h after hCG (Welch two-sample *t* test, P \< 0.05; see Materials and methods for definition of MTOC size; Fig. S1 C). At prophase, dense microtubule fibers surrounded all MTOCs and pronuclei ([Fig. 1 E](#fig1){ref-type="fig"}). Upon nuclear envelope breakdown (NEBD), microtubule fibers increased massively toward the center of the cell, leading to formation of multiarray fibers at prometaphase ([Fig. 1 F](#fig1){ref-type="fig"}). No enrichment of microtubules was detected in the vicinity of chromatin ([Video 1](http://www.jcb.org/cgi/content/full/jcb.201202135/DC1){#supp2}). Thus, the stochastic multipolar spindle forms ([Fig. 1 G](#fig1){ref-type="fig"}), and its progressive organization ([Fig. 1 H](#fig1){ref-type="fig"}) leads to the barrel-shaped spindle at metaphase ([Fig. 1 I](#fig1){ref-type="fig"}), similar to that in oocytes ([@bib44]).

To obtain a dynamic view of the spindle formation, we performed live 3D imaging of the mouse zygote microinjected with mRNA encoding EGFP-MAP4 and H2B-mRFP1 to visualize microtubules and DNA, respectively ([Fig. 1 J](#fig1){ref-type="fig"} and [Video 2](http://www.jcb.org/cgi/content/full/jcb.201202135/DC1){#supp3}). Recording conditions were tested by transferring the embryos to foster mothers after image acquisition, in which 43% (*n* = 54; 74% in control, *n* = 54) of the embryos developed to full term. Live-embryo imaging revealed a progressive increase in number and activity of MTOCs around pronuclei ([Fig. 1 J](#fig1){ref-type="fig"}, −0:02 at NEBD) until, upon NEBD, microtubule polymerization increased massively in the region formerly occupied by the pronuclei ([Fig. 1 J](#fig1){ref-type="fig"}, 0:22). However, unlike the meiotic oocyte ([@bib44]), no microtubule ball formed, and chromosomes remained aggregated as two clumps in the cell center. Most of the cytoplasmic asters that were not incorporated into the microtubule clusters disappeared in prometaphase, whereas MTOCs (based on pericentrin immunostaining) remained detectable ([Fig. 1, F--I](#fig1){ref-type="fig"}), suggesting that those peripheral cytoplasmic MTOCs lost their microtubule-polymerizing activity ([@bib20]). A transient multipolar spindle formed, and the direction of multipoles appeared stochastic. Orientation of the major spindle axis, and possibly of the eventual cleavage plane, was not obvious at this stage in most cases. Progressive clustering of the multipoles, accompanied by fluctuation in the direction of the spindle, led to focusing and establishment of a bipolar spindle ([Fig. 1 J](#fig1){ref-type="fig"}, 2:02). Together, the findings indicate that the zygote inherits the random distribution of MTOCs from the oocyte, with no impact from the sperm, and that the stochastic assembly of MTOCs leads to formation of a multipolar spindle that progressively clusters to establish spindle bipolarity.

Dynein is essential for MTOC maturation and, together with kinesin-5, required for bipolar spindle establishment
----------------------------------------------------------------------------------------------------------------

To examine the mechanism of the microtubule reorganization observed in the mouse zygote, we first investigated the potential involvement of cellular motor proteins in MTOC maturation, which refers herein to the change in the ability of MTOCs to polymerize microtubules and organize the microtubule network. Live imaging of embryos after inhibition of dynein activity by microinjecting the mouse zygote with P150-CC1 protein, a dominant-negative form of the P150^Glued^ subunit that blocks dynein--dynactin interaction ([@bib55]), revealed that MTOC maturation was significantly reduced ([Fig. 2 A](#fig2){ref-type="fig"}, 0:00; and [Video 3](http://www.jcb.org/cgi/content/full/jcb.201202135/DC1){#supp4}). Quantification of MTOC maturation based on the intensity of the microtubule signal centered around MTOCs indicated those in dynein-inhibited embryos were on average 2.7-fold brighter (*n* = 30 MTOCs in 6 embryos) than the cytoplasmic background, whereas those in control embryos were 3.6-fold brighter (*n* = 30 MTOCs in 6 embryos; P \< 0.05, Welch two-sample *t* test; [Fig. S2 A](http://www.jcb.org/cgi/content/full/jcb.201202135/DC1){#supp5}). Live imaging also revealed a decrease in the mean number of mature MTOCs at NEBD, from 30.2 (*n* = 7 embryos) to 18.8 (*n* = 8; P \< 0.05, Welch two-sample *t* test). On the other hand, inhibition of kinesin-5 activity with monastrol did not alter MTOC maturation in the zygote ([Fig. 2 B](#fig2){ref-type="fig"}, 0:00; and [Video 4](http://www.jcb.org/cgi/content/full/jcb.201202135/DC1){#supp6}). Thus, the maturation of MTOCs is dependent on dynein activity, possibly because of dynein-mediated recruitment of MTOC components ([@bib36]).

![**Dynein is essential for maturation of MTOCs and spindle, whereas kinesin-5 is required for spindle bipolarization.** (A and B) Live imaging of mouse zygotes during the first division under inhibition of dynein by P150-CC1 (A) or of kinesin-5 by monastrol (B) at prophase (left), early (middle), and late prometaphase (right), respectively. Z-projected images of confocal sections (3 µm thick) show microtubules (EGFP-MAP4; gray). Time indicates hours and minutes after NEBD. Note that the monopolar spindle is formed in the kinesin-5--inhibited zygote (asterisk in B; right). (C) Distance of each cytoplasmic MTOC from the nucleus measured by tracking MTOCs in control, dynein-, and kinesin-5--inhibited zygotes (*n* = 4, 1, and 3 embryos, respectively) and plotted against time after NEBD. (D) Speed of each MTOC movement toward the nucleus in relation to the initial distance of the MTOC from the nucleus in control, dynein-, and kinesin-5--inhibited embryos. Insets show representative tracks in zygotes. (E) Whisker box plot of speed of MTOC movement toward the nucleus in control (*n* = 48 tracks derived from four zygotes), dynein-inhibited (*n* = 38 tracks derived from three zygotes), and kinesin-5--inhibited (*n* = 32 tracks derived from three zygotes) embryos. MTOC movement is significantly slower in dynein-inhibited embryos and faster in kinesin-5--inhibited embryos than in controls (P \< 0.05, Welch two-sample *t* test). The lines near the middle of the boxes represent the median (50th percentile). The bottom and top of the boxes are the 25th and 75th percentile, respectively. The whiskers extend to the most extreme data point, which is no more than 1.5 times the percentile range of the box. The dots represent the extreme data point extending out of the 1.5 times percentile range of the box. (F) Summary of the potential mechanism leading to acentrosomal spindle assembly in the mouse zygote before (left) and after (right) nuclear envelope breakdown (NEBD). Bars, 10 µm.](JCB_201202135_Fig2){#fig2}

Next, we analyzed the impact of motor protein inhibition on spindle assembly. After NEBD, microtubule polymerization in the center of the cell increased but to a substantially lesser extent in dynein-inhibited embryos (2.8 ± 2.0--fold brighter than cytoplasmic background at 20 min after NEBD; *n* = 6 embryos) than in controls (6.4 ± 1.7--fold; *n* = 6; P \< 0.05, Welch two-sample *t* test). Two multipolar spindles formed around each pronucleus ([Fig. 2 A](#fig2){ref-type="fig"}, 0:40) but failed to fuse and faded away ([Fig. 2 A](#fig2){ref-type="fig"}, 1:30; and Video 3). Inhibition of kinesin-5 in zygotes initially produced a multipolar spindle ([Fig. 2 B](#fig2){ref-type="fig"}, 0:22; and [Video 4](http://www.jcb.org/cgi/content/full/jcb.201202135/DC1){#supp7}), which finally focused into a monopolar spindle ([Fig. 2 B](#fig2){ref-type="fig"}, 5:32), and failure in cell division. Thus, the mouse zygote requires dynein for MTOC maturation and spindle assembly and kinesin-5 for separation of the two spindle poles.

Acentrosomal spindle assembly reportedly relies on RanGTP in promoting microtubule nucleation and stabilization as well as in activating motor proteins in proximity of the chromatin ([@bib7]; [@bib18]; [@bib33]; [@bib52]). Live imaging of mouse embryos after microinjection of the zygotes with RanT24N, a dominant-negative form of Ran, revealed no differences from control embryos until after NEBD, when the microinjected zygotes failed to exhibit the massive increase in microtubule polymerization and in which spindle formation and anaphase entry was delayed (5 h on average after NEBD \[*n* = 6\] compared with 2 h in controls \[*n* = 10\]; Fig. S2 B) or failed (38%, *n* = 5/13). Thus, RanGTP facilitates spindle assembly upon NEBD in the mouse zygote, consistent with the mechanism in mouse oocytes ([@bib44]).

MTOC accumulation on the pronuclear membrane depends on dynein and microtubules
-------------------------------------------------------------------------------

Because the spindle is assembled primarily by the MTOCs present on the pronuclear membrane at prophase, we investigated MTOC accumulation, in particular whether MTOCs are preferentially assembled on the pronuclear membrane. The number of MTOCs increased progressively during interphase on the pronuclear membrane (P \< 0.05, Welch two sample *t* test), whereas the number in the cytoplasm remained relatively unchanged (Fig. S2 C). This specific increase of MTOCs on the pronuclear membrane was suppressed in the presence of nocodazole (Fig. S2, C and D), whereas inhibition of RanGTP (Fig. S2 B), dynein (not depicted), actin polymerization (latrunculin B and cytochalasin B; not depicted), or Polo-like kinase 1 (BI2536; not depicted; [@bib24]; [@bib26]) had no impact on the ratio of nuclear to cytoplasmic MTOCs, suggesting that this preferential accumulation of MTOCs is dependent on polymerized microtubules. This microtubule dependency might also reflect the collection of MTOCs on the membrane of pronuclei as they form, expand in size, and move from the periphery to the center of the zygote, given that pronuclei movement is also dependent on microtubules ([@bib41]).

Requirement of polymerized microtubules prompted us to test the involvement of motor proteins in the potential recruitment of MTOCs to the pronuclear membrane. Tracking of MTOC movement in live images revealed that MTOCs close to the pronuclear membrane (∼5 µm in distance) contribute to the pool on the surface of the pronuclei (*n* = 4; [Fig. 2, C and D](#fig2){ref-type="fig"}; and [Video 5](http://www.jcb.org/cgi/content/full/jcb.201202135/DC1){#supp8}), distinct from the wide recruitment of MTOCs from the cytoplasm in oocytes ([@bib44]). Inhibition of dynein activity with P150-CC1 blocked the movement of essentially all MTOCs, demonstrating that MTOC recruitment in the vicinity of nuclei is dependent on dynein in the mouse zygote ([Fig. 2, A and C--E](#fig2){ref-type="fig"}; and [Video 6](http://www.jcb.org/cgi/content/full/jcb.201202135/DC1){#supp9}). In contrast, inhibition of kinesin-5 by monastrol enhanced the recruitment of distal MTOCs toward the pronuclear membrane ([Fig. 2, B--E](#fig2){ref-type="fig"}; and [Video 7](http://www.jcb.org/cgi/content/full/jcb.201202135/DC1){#supp10}), although most of them did not reach the nucleus in time to participate in spindle assembly, suggesting that kinesin-5 is already active during zygotic prophase and may counteract attracting forces of dynein. Overall, although the first division of the mouse embryo partly shares the mechanism of spindle assembly with the meiotic division, some features and mechanisms are clearly distinct from those in meiosis ([Fig. 2 F](#fig2){ref-type="fig"}), suggesting that the transition from meiosis to mitosis starts already during the first division.

Progressive transition from acentrosomal to centrosomal spindle formation during mouse preimplantation development
------------------------------------------------------------------------------------------------------------------

Although our findings thus far demonstrated that the meiosis to mitosis transition starts during the first division in the mouse embryo, the mechanism of spindle assembly in the zygote has many similarities to meiosis and is very distinct from a typical mitotic division with centrosomal spindles. Thus, the transition from multipolar self-assembly of MTOCs to bipolar centrosomal spindle assembly is likely established during preimplantation development before the 64-cell blastocyst stage ([@bib14]). However, the characteristics and mechanism of this transition, e.g., whether the transition is abrupt or gradual during subsequent embryonic cleavages, remain unclear. Therefore, we analyzed spindle assembly throughout the preimplantation stage until late blastocyst.

Live imaging of microtubule dynamics ([Fig. 3, A and B](#fig3){ref-type="fig"}; and [Videos 8](http://www.jcb.org/cgi/content/full/jcb.201202135/DC1){#supp11} and [9](http://www.jcb.org/cgi/content/full/jcb.201202135/DC1){#supp12}) and immunostaining for pericentrin (MTOC) and microtubules ([Fig. 3, C--E](#fig3){ref-type="fig"}) revealed several MTOCs and microtubule asters in the cytoplasm and around the nucleus at prophase not only in the first but also in the second (two cell to four cell) and third (four cell to eight cell) divisions ([Fig. 3, A and C](#fig3){ref-type="fig"}; and [Fig. S3](http://www.jcb.org/cgi/content/full/jcb.201202135/DC1){#supp13}). After NEBD, microtubule clusters formed a multipolar spindle in prometaphase and assembled into a barrel-shaped bipolar spindle in metaphase ([Fig. 3, A and C](#fig3){ref-type="fig"}; and Video 8). From the eight-cell until the 32-cell blastocyst stage, multiple asters were present around the nucleus in prophase, whereas fewer were seen in the cytoplasm ([Fig. 3, B and D](#fig3){ref-type="fig"}). Prometaphase exhibited a transient multipolar spindle, with MTOCs along the axis but not yet exclusively localized at the pole ([Fig. 3, B and D](#fig3){ref-type="fig"}; and Video 9), which rapidly elongates to form the metaphase spindle reminiscent of the typical mitotic spindle, with pericentrin focused as dots at two poles ([Fig. 3, B and D](#fig3){ref-type="fig"}).

![**Progressive transition from acentrosomal to centrosomal spindle formation during mouse preimplantation development.** (A and B) Live imaging of mouse embryos during the second division (A) and the fourth division (B) at prophase, prometaphase, and metaphase. Note the small microtubule asters (presumably MTOCs; yellow arrowheads) in two-cell and eight-cell stage embryos before NEBD. Red arrowheads mark multipoles of the spindle at prometaphase. Z-projected images of 3-µm confocal sections showing microtubules (EGFP-MAP4; gray) and DNA (H2B-mRFP1). Time is shown in hours and minutes after hCG. (C--E) Immunostaining of embryos fixed during the second division (showing one of the two cells; C), the fourth division (D), and at 113 h after hCG (E4.5; E) at prophase, prometaphase, and metaphase and stained for DNA, microtubules, and pericentrin. In prometaphase at the two-cell and eight-cell stages, several small MTOCs are visible (arrowheads), whereas only two bright MTOCs (arrows) before and after NEBD are seen at E4.5. All pictures are projected images of 0.38-µm stacks. Insets in E represent a zoom of the boxes. Bars: (A--E, main images) 10 µm; (E, insets) 5 µm.](JCB_201202135_Fig3){#fig3}

In the embryonic day 4.5 (E4.5) blastocyst (128-cell stage or later), interphase cells had one or two bright MTOC dots, particularly at the basal (blastocyst cavity) side next to an invagination of the nucleus in trophectoderm cells, in agreement with an electron microscopic study ([@bib14]). At prophase, two bright MTOCs next to the nucleus were recognizable, which became separated to form the spindle poles at prometaphase, with no other MTOC detectable along the spindle axis ([Fig. 3 E](#fig3){ref-type="fig"}). At metaphase, the spindle was focused on two bright pericentrin dots ([Fig. 3 E](#fig3){ref-type="fig"}), which are most likely functional centrosomes, as indicated by colocalization of one of the centrosomal components, centrin ([Fig. 4 A](#fig4){ref-type="fig"}). These divisions can thus be defined as typical mitosis, consistent with reappearance of the centriole at the 64-cell stage ([@bib14]).

![**Emergence of the centrin- and CP110-positive centrosome and the kinesin-12--positive spindle in the E3.5 blastocyst.** (A) Immunostaining of embryos fixed at the 16-cell stage, E3.5 (between 32- and 64-cell stages), and E4.5 (with \>128 cells) and stained for DNA (blue), centrin, and pericentrin. At the 16-cell stage, all pericentrin-positive MTOCs are negative for centrin. At E3.5, some MTOCs are positive for pericentrin and negative for centrin (white arrowheads), whereas others are positive for both (yellow arrowheads). At E4.5, one or two dots positive both for pericentrin and centrin are visible in each cell (yellow arrowheads). Note that the laser intensity for centrin detection was enhanced in 16-cell stage and E3.5 embryos, resulting in the enhanced signal in the cytoplasm. Because single-section images of confocal microscopy are shown, the centrin and pericentrin signal of other cells are out of focus. Bar, 10 µm. (B, left) Immunostaining of mouse embryos fixed at the 16-cell stage, E3.5, and E4.5 and stained for DNA (blue), CP110, and pericentrin. At the 16-cell stage, MTOCs are negative for CP110. At E3.5, only some MTOCs are positive for CP110 (yellow arrowheads; white arrowheads mark those negative for CP110), whereas at E4.5, all MTOCs are positive. (right) Immunostaining of mouse embryos fixed at the 16-cell stage, E3.5, and E4.5 and stained for DNA (blue), kinesin-12, pericentrin, and microtubules. At the 16-cell stage, the spindle is negative for kinesin-12 (white arrowheads). At E3.5, only some spindles are positive for kinesin-12 (yellow arrowheads), whereas at E4.5, most of the spindles are positive (yellow arrowheads). Z-projected sections of confocal images. Bars, 5 µm. (C) The fraction of centrin-positive (yellow) and -negative (red) MTOCs, CP110-positive (green) and -negative (blue) MTOCs, and of kinesin-12--positive (orange) and --negative (violet) spindles at the 16-cell, E3.5, and E4.5 stages.](JCB_201202135_Fig4){#fig4}

Unlike the E4.5 embryo, in which all examined MTOCs (*n* = 100; [Fig. 4 C](#fig4){ref-type="fig"}) showed centrin--pericentrin colocalization, we detected this colocalization in only 41% of MTOCs (*n* = 34 of 82) in the E3.5 embryo (32- to 64-cell blastocyst stage; [Fig. 4 A](#fig4){ref-type="fig"}, yellow arrowheads). Remarkably, centrin-positive MTOCs (0.82 µm mean diameter of 16 MTOCs from 5 E4.5 blastocysts) were significantly larger than centrin-negative MTOCs (0.54 µm of 13 centrin-negative MTOCs from 5 E3.5 blastocysts; P \< 0.05, Welch two-sample *t* test), suggesting that the centrin-positive MTOCs accumulate pericentrosomal materials as expected for centrosomes. Note that we found cells with centrin-positive MTOCs in both inner cell mass and trophectoderm within the blastocyst, in a manner similar to the lineage-independent shift from kinesin-5--dependent to --independent metaphase spindle function ([@bib11]). In agreement with the gradual emergence of centrin-positive centrosomes, other centrosomal components, odf2 ([@bib22]) and CP110 ([@bib42]), also start expression in the E3.5 blastocyst ([Fig. 4, B and C](#fig4){ref-type="fig"}; and [Fig. S4](http://www.jcb.org/cgi/content/full/jcb.201202135/DC1){#supp14}). It is particularly interesting to note that expression of kinesin-12, a motor protein involved in formation and maintenance of mitotic spindles ([@bib48]; [@bib27]), at E3.5 ([Fig. 4, B and C](#fig4){ref-type="fig"}) coincides with the disappearance of the kinesin-5 dependency for the spindle maintenance ([@bib11]).

Next, we examined the size and number of MTOCs during the oocyte to embryo transition. After oocytes became fertilized, the mean size of MTOCs progressively decreased ([Fig. 5 A](#fig5){ref-type="fig"}). Only at E3.5 when centrin started colocalization at MTOCs, the size of MTOCs increased gradually to a size close to that for typical centrosomes (∼1.0 µm; [@bib35]; [@bib8]). Although the number of MTOCs per cell progressively decreased during the preimplantation stage ([Fig. 5 B](#fig5){ref-type="fig"}), the total number per embryo increased, i.e., 68 on average in the zygote (*n* = 19), 82 in the two-cell (*n* = 16), and 102 in the eight-cell embryos (*n* = 13), pointing to de novo MTOC formation during the preimplantation stage.

![**Progressive change in MTOCs and the time required for division.** (A) Progressive change in diameter of MTOCs shortly before NEBD in the embryos at consecutive developmental stages. (B) Whisker box plot of the number of MTOCs per cell at one-cell, two-cell, eight-cell, E3.5, and E4.5 stages, shortly before NEBD. The lines near the middle of the boxes represent the median (50th percentile). The bottom and top of the boxes are the 25th and 75th percentile, respectively. The end of the bottom whisker is the 5th percentile, and the end of the top whisker is the 95 percentile. (C) Duration of cell division (from NEBD to the beginning of anaphase) at consecutive stages of preimplantation development. Note that from the eight-cell stage on, the duration of cell division (∼20 min or less) becomes only twice as long as the time interval of recording (every 10 min); thus, the data cannot be as precise (indicated by a broken line) as those for the earlier stages. In A and C, the vertical bars indicate the range of values.](JCB_201202135_Fig5){#fig5}

Finally, we examined the change in the time required for division. Live imaging at 10-min intervals of embryos injected with mRNA encoding EGFP-MAP4 and H2B-mRFP1 revealed progressive decreases in the time between NEBD and the beginning of anaphase, with a mean of 126 min during the first division to 10 min at the 32- to 64-cell transition ([Fig. 5 C](#fig5){ref-type="fig"}). This progressive decrease in division time duration, possibly because of quicker spindle assembly from the smaller number of MTOCs, is not proportional to that of cell cycle duration (not depicted; [@bib23]) but correlates with the decrease in cell size (compare with [Fig. 6 B](#fig6){ref-type="fig"}). The features of spindle assembly and of MTOCs suggest a gradual transition rather than a sudden change from multiple MTOCs to functional centriole-containing centrosomes during mouse preimplantation development.

![**Gradual change in spindle characteristics and establishment of the spindle length regulation during mouse preimplantation development.** (A) Progressive change in radius and diameter of the spindle in the embryos at consecutive developmental stages. Insets show a representative image of the spindle and its pole at each stage. Bar, 10 µm. (B, left) Change in the mean size of the spindle and of the cell in the embryos at consecutive developmental stages. (right) Cell diameter and spindle length are plotted as colored circles for individual embryos at different developmental stages, illustrating that their ratio (slope of the black line) remains constant from the fourth to eighth division. Those for experimentally micromanipulated embryos are shown as colored crosses. (C, left) Experimentally micromanipulated zygotes in which two thirds (top) or half (bottom) of the cytoplasm was removed. Note that two pronuclei are visible (yellow arrowheads) after cytoplasm removal. Metaphase spindle and measurement of its size and cell size by live imaging of the micromanipulated embryos during the subsequent divisions. All pictures are projected images of 4.5-µm stacks. Bars, 20 µm. In A and B, the vertical bars indicate the range of values.](JCB_201202135_Fig6){#fig6}

Gradual change in spindle characteristics and establishment of spindle length regulation
----------------------------------------------------------------------------------------

In view of the gradual change in the manner of spindle assembly throughout the preimplantation stage, we examined in more detail the change in spindle characteristics. Unlike the circular deposition of MTOCs at the spindle poles in oocytes and embryos until the eight-cell stage, the pericentrin signal at eight-cell to 16-cell divisions was localized as dots at two poles, and the spindle poles became increasingly focused in the divisions from the 16-cell stage ([Fig. 6 A](#fig6){ref-type="fig"} and [Fig. S5](http://www.jcb.org/cgi/content/full/jcb.201202135/DC1){#supp15}). Accordingly, the radius of the spindle and the size of the spindle poles ([Fig. 6 A](#fig6){ref-type="fig"}, see inset for definition) progressively decreased during the preimplantation stage ([Fig. 6 A](#fig6){ref-type="fig"}).

Spindle length was similar (mean of 24 µm) in the first three divisions but decreased from 22 µm at the eight-cell stage to 16 µm at the 32- to 64-cell stage ([Fig. 6 B](#fig6){ref-type="fig"}), suggesting an association between change in spindle size after the eight-cell stage and the meiosis to mitosis shift. Because cell size also progressively decreased and the slope of its decrease paralleled that for the spindle length after the fourth division ([Fig. 6 B](#fig6){ref-type="fig"}), we tested for a possible correlation between spindle size and cell size. Indeed, plotting these two parameters for each cell derived from embryos at the first to eighth division ([Fig. 6 B](#fig6){ref-type="fig"}, right) revealed a remarkably constant cell size to spindle size ratio of ∼1.6 from the fourth division onward (mean of 1.5, 1.7, 1.5, and 1.6 for the fourth, fifth, sixth, and eighth division, respectively), consistent with the reported scaling effect of cell size on spindle length ([@bib54]; [@bib15]). Spindle length was relatively constant at earlier divisions (mean of 22.8, 26.3, and 22.8 µm for the first, second, and third division, respectively), suggesting an upper limit to the mitotic spindle length in the mouse embryo, in agreement with that for *Xenopus laevis* embryos ([@bib54]).

To test whether spindle size regulation depends on the developmental stage or, instead, on cell size, we examined cell and spindle size during division of live embryos that were depleted of various amounts of cytoplasm (≤65%) by micromanipulation (see Materials and methods for detailed methods; [Fig. 6 C](#fig6){ref-type="fig"}). Live imaging of the embryos injected with mRNA for EGFP-MAP4 and H2B-mRFP1 demonstrated that the relationship between cell size and spindle length was conserved between control and manipulated embryos, regardless of the developmental stage, resulting in overlapping plots ([Fig. 6 B](#fig6){ref-type="fig"}, right). This result clearly suggests that the metaphase spindle length is not correlated to cell size during the first divisions. Once the cell size approaches \<1.6-fold of the upper limit of the spindle length, the spindle size scales to cell size. The scaling effect thus becomes operational at around the eight-cell stage between third and fourth embryonic divisions and is independent of developmental cues. Overall, the progressive change in the morphology, characteristics, and molecular components of MTOCs and the spindle in the early mouse embryo supports the notion that the transition from meiosis to mitosis and establishment of the mitotic spindle properties proceed gradually throughout the preimplantation stage.

Discussion
==========

Our study demonstrates that during the meiosis to mitosis transition, changes in MTOC organization, spindle assembly, and characteristics and in cell division time do not occur abruptly upon fertilization but progress gradually instead throughout the first eight divisions of the preimplantation mouse embryo. The transition can be subdivided into three phases ([Fig. 7](#fig7){ref-type="fig"}): (1) the first three embryonic divisions, when the mechanism of acentrosomal spindle formation is largely shared with meiotic division; (2) the divisions from eight-cell stage until the blastocyst, in which multiple MTOCs or potentially some centrosomes are focused into a sharp bipolar spindle; and (3) the divisions after blastocyst, in which two centrosomes assemble a typical mitotic spindle. The first three divisions in the mouse embryo partially share the mechanism of meiotic spindle formation (summarized in [Fig. 2 F](#fig2){ref-type="fig"}, after NEBD). Given the comparable number and distribution pattern of MTOCs from MII oocyte to zygotes, presumably zygotes inherit MTOCs from oocytes but not from sperm. Nonetheless, the first three divisions also exhibit a change toward mitosis with respect to MTOC maturation and spindle assembly ([Fig. 2 F](#fig2){ref-type="fig"}, before NEBD). In the zygote, MTOCs are recruited for spindle assembly only from the vicinity of the pronuclei, whereas recruitment in the oocyte is from throughout the cytoplasm ([@bib44]), possibly caused by the lack of the counteracting kinesin-5 force in oocytes. This shift toward mitosis could also account for the lack of microtubule ball formation upon NEBD in zygotes.

![**Gradual transition from meiotic to mitotic spindle assembly throughout the preimplantation stage in the mouse embryo.** Summary of the progressive transition from meiosis to mitosis throughout mouse preimplantation development. See Discussion for details.](JCB_201202135_Fig7){#fig7}

The second phase, from eight-cell to 64-cell stage, is the time of transition from meiosis-like divisions to mitotic divisions. The number of MTOCs per cell progressively decreases during the preimplantation stage, whereas the total amount of MTOC material per embryo, as estimated by multiplying the mean MTOC number with the volume ([Fig. 5, A and B](#fig5){ref-type="fig"}), is 3.2, 2.2, 0.5, and 1.8 (arbitrary units) in the zygote, two-cell, eight-cell, and E3.5 stage embryos, respectively, compared with 20.2 in the E4.5 blastocyst. Thus, it is plausible that until blastocyst, noncentriolar MTOCs are generated by splitting the limited amount of materials inherited from the oocyte and available in the embryo in a manner similar to the centrosomal material reported for early *Caenorhabditis elegans* embryos ([@bib13]; [@bib8]). When MTOC materials available in a cell become too few and weak, the centrosome generation might be activated. The precise evaluation of this model in the mouse embryo awaits further studies.

The regulation of spindle length according to cell size becomes active as soon as the ratio approaches 1.6, around the fourth division, similar to that observed in HeLa cells (1.4; [@bib12]). Although the apparent plateau in spindle length during earlier divisions suggests an upper limit in metaphase spindle length, in agreement with [@bib54], we cannot exclude the possible scaling correlation between the anaphase spindle length and cell size ([@bib15]) because of the difficulty in defining the spindle length in anaphase in which the chromosomes move toward the daughter cell poles beyond the eventual nuclear position in the early mouse embryo (e.g., Video 9). Overall, the transition is gradual during this period, not sharp or step wise, and not synchronous in timing, as indicated by the asynchronous emergence of cells with centrin-positive MTOCs (centrosomes) in E3.5 blastocysts.

In the third phase, i.e., after the 64-cell stage, the centriole is present ([@bib14]), and the spindle is clearly focused with a well-defined axis at prometaphase. All of these features define cell division later than the blastocyst stage as typical mitosis.

Mouse preimplantation development is not only viewed as a unique phase in terms of developmental mechanisms ([@bib32]; [@bib31]) but also provides a unique system to study the transition from meiotic to mitotic cell division (this study; [@bib21]; [@bib11]). This transition could possibly apply to other organisms: In human zygotes, centrioles are introduced by the sperm ([@bib45]) and are detectable by electron microscopy in one of the spindle poles ([@bib38]). The essential role of the centriole for spindle assembly in early human embryos, however, remains to be shown, as parthenogenetically activated embryos can develop up to the blastocyst stage ([@bib34]; [@bib9]).

Conceivably, in mouse development, the molecular components necessary for reestablishment of the centriole and centrosome are produced during the preimplantation stage, given the lack of evidence for centriole propagation. It will be of particular interest to determine molecules operating during this progressive transition and the stage they become active. The trigger for de novo centriole formation in the blastocyst remains to be investigated but might reflect an exhausted supply of some MTOC components, transcriptional activation of key centriolar components during preimplantation development, or reaching threshold levels in some of the progressively changing cellular features. Because the mouse preimplantation embryo exhibits de novo centrosome formation under physiological conditions, it is an attractive system to investigate the mechanism of centrosome biogenesis and propagation. Future studies promise to identify the components essential for centrosome generation and propagation.

Materials and methods
=====================

Ethics statement
----------------

The handling of laboratory mice necessary to pursue all the proposed experiments (killing for collection of oocytes, fertilized eggs, and embryos, injections of exogenous gonadotropins for collection of the embryos, and embryo transfer to anesthetized foster mothers) was performed in the animal facility of the institute according to the permission from S. Aschhoff (European Molecular Biology Laboratory, Heidelberg, Germany; Animal Research Committee number TH11 00 11).

The European Molecular Biology Laboratory animal facility is operating according to international animal welfare rules (Federation for Laboratory Animal Science Associations guidelines and recommendations). Requirements of formal control of the German national authorities and funding organizations are satisfied and controlled by the Institutional Animal Care and Use Committee.

Embryo culture
--------------

B6C3F1 female mice were injected with 0.1 ml (5 IU) of pregnant mare serum gonadotropin followed 46--48 h later by injection with 0.1 ml (5 IU) hCG before mating. Embryos were cultured in 10-µl drops of KCl- and NaCl-enriched simplex optimized medium (KSOM; EMD Millipore; Zenith Biotech) covered with mineral oil (Acros Organics; Sigma-Aldrich) in a 5% CO~2~ atmosphere at 37°C. For live imaging, embryos were cultured in similar 5-µl drops prepared in MatTek 35-mm glass-bottom dishes in a 5% CO~2~ chamber (PeCon) at 37°C on the microscope stage. Depending on the experiments, medium was supplemented with 0.3 µM nocodazole (Sigma-Aldrich) or 100 µM monastrol (Sigma-Aldrich), for which control samples were prepared with equivalent amounts of DMSO. Note that under treatment with 0.3 µM nocodazole, the zygote retains part of the microtubule matrix ([Fig. 3 B](#fig3){ref-type="fig"}), whereas the oocyte loses essentially all microtubules (consistent with the results in [@bib44]; see [Table S1](http://www.jcb.org/cgi/content/full/jcb.201202135/DC1){#supp16} for a summary comparing our experimental conditions to those in [@bib44]), caused possibly by the reported difference in the dynamics of microtubule polymerization between oocytes and early embryos ([@bib20]).

Immunofluorescence analysis
---------------------------

For embryo recovery, particular attention was paid to minimizing the time required for the recovery (∼1 h after sacrifice of the mother until fixation). After removal of the zona pellucida with pronase (Sigma-Aldrich), embryos were fixed for 30 min at 37°C with 100 mM Hepes, 50 mM EGTA, 10 mM MgSO~4~, 2% formaldehyde, and 0.2% Triton X-100 and permeabilized for 2 h at room temperature in PBS supplemented with 0.2% Triton X-100, based on the method used by [@bib44]; Table S1). For imaging specifically microtubules (as in [Fig. 1](#fig1){ref-type="fig"} and [Fig. 3](#fig3){ref-type="fig"}), embryos were fixed in the fixation solution supplemented with 0.05% glutaraldehyde and washed for 1.5 h in PBS supplemented with 0.01 mg/ml NaBH~4~. For imaging odf2, CP110, and kinesin-12, embryos were fixed in 100% cold methanol (−20°C) for 10 min, rehydrated in 50% methanol-PBS (4°C) for 5 min, and washed in PBS supplemented with 0.1% Triton X-100. Embryos were then incubated in PBS with 3% BSA and 0.1% Triton X-100 with, depending on the experiments, rat antityrosinated α-tubulin (YL 1/2, MCA77G; 1:200,000; AbD Serotec), mouse antipericentrin (611814; 1:200; BD), rabbit antipericentrin (PRB-432C; 1:200; Covance), rabbit anti--centrin-1 (ab11257; 1:200,000; Abcam), mouse anti--γ-tubulin (6657; 1:40,000; Sigma-Aldrich), rabbit anti-odf2 (ab43840; 1:1,000; Abcam), rabbit anti-CP110 (1:1,000; gift from E. Nigg, Biozentrum, University of Basel, Basel, Switzerland; [@bib42]), or rabbit anti--kinesin-12 (1:200; gift from P. Baas, Drexel University College of Medicine, Philadelphia, PA; [@bib27]) primary antibodies followed by Alexa Fluor 488--, 546--, 555--, 633--, or 647--conjugated secondary antibodies (1:200; Molecular Probes). DNA was stained using Hoechst 33342 (1:2,000; Molecular Probes). Immunostained images were acquired using a confocal microscope (LSM 780; Carl Zeiss) equipped with a 40× water immersion C-Apochromat, 1.2 NA objective (Carl Zeiss) at room temperature (20°C) in PBS containing 1% BSA. The microscope (LSM 780) was controlled using the ZEN 2010 software (Carl Zeiss). The pinhole was open to the 1-µm thickness of the stack, and when the z stack was acquired, the interval used between stacks varied from 0.4 (optimal) to 0.5 µm. Excitation of Hoechst 33342 was performed using a 405-nm diode laser. Excitation of Alexa Fluor 488 was performed using a 488-nm argon laser, excitation of Alexa Fluor 546 and 555 was performed using a 561-nm diode-pumped solid-state laser, and excitation of Alexa Fluor 633 and 647 was performed using a 633-nm helium/neon laser.

Microinjection and micromanipulation
------------------------------------

mRNA was synthesized using an mRNA message machine kit (mMESSAGE mMACHINE; Ambion). Plasmids for *P150-CC1* and *His-GFP* were a gift from X. Zhu (Shanghai Institutes for Biological Sciences, Chinese Academy of Sciences, Shanghai, China). Proteins were expressed in *Escherichia coli* strain BL21(DE3) and purified on a nickel column using His tags accordingly ([@bib55]) with the help of M. Pfeiffer (Max-Planck Institut, Münster, Germany). Proteins were dialyzed in PBS and concentrated to 24 mg/ml using a centrifugal filter (Amicon Ultra; EMD Millipore). The RanT24N protein was a generous gift of R. Walczak and I. Mattaj (European Molecular Biology Laboratory, Heidelberg, Germany). Microinjections in the zygote or in both blastomeres of the two-cell embryo for blastocyst live imaging were performed at 32°C in 10-µl flushing-holding medium (EMD Millipore) drops covered with mineral oil (Sigma-Aldrich) on a microscope (Axio Observer.Z1; Carl Zeiss) using micromanipulators (Narishige). mRNA encoding H2B-mRFP1 (final concentration of 0.01 µg/µl) and 0.8 µg/µl EGFP-MAP4 were mixed together in RNase-free water (Ambion) and microinjected using an air microinjector (FemtoJet; Eppendorf). The protein P150-CC1 (24 mg/ml) in PBS or RanT24N (270 µM) in PBS, 0.15 M NaCl, 1.5 mM MgCl~2~, and 10% glycerol, each mixed with dextran--Texas red (molecular weight of 70,000; 1:10; Molecular Probes) to compare the injected amount between embryos, was microinjected using an oil microinjector (Narishige) and a Piezo microinjector controller (PMAS-CT150; PrimeTech, Ltd.). The respective control was injected with 24 mg/ml GFP-His protein in PBS mixed with dextran--Texas red (1:10) or with 280 µM BSA (Sigma-Aldrich) in PBS and 10% glycerol mixed with dextran--Texas red (1:10). Activity of P150-CC1 was confirmed in MII oocytes, in which it disassembled the spindle upon microinjection. mRNA injections were performed ≥3 h before imaging. To generate the embryo with reduced cell size, the zona pellucida was cut with a needle ([@bib49]), and a fraction of the cytoplasm was removed in KSOM containing Hepes (Zenith Biotech) and 5 µg/ml cytochalasin B (Sigma-Aldrich) using a pipette 25--30 µm in diameter. The amount of removed cytoplasm can be calculated from the reduced cell size: $\text{r} = \sqrt[3]{\text{3V/4}}\pi,$ in which r = radius and V = volume of the cell. This was confirmed by measurement of the radius of the zygote after cytoplasmic removal, i.e., when one half or two thirds of the cytoplasm was removed, the radius of the micromanipulated zygote was ∼28--32 or 25--28 µm, respectively, in comparison to the radius of the control zygote, 35--40 µm.

Live imaging of embryos
-----------------------

Time-lapse images were acquired using a confocal microscope (LSM 780) equipped with a 40× water immersion C-Apochromat, 1.2 NA objective at 37°C in KSOM medium. The microscope (LSM 780) was controlled using the ZEN 2010 software. Several embryos were imaged simultaneously, and sometimes in different groups, using the multipoint acquisition function in ZEN 2010 software. The pinhole was open to the 3.5-µm thickness of the stack, and when the z stack was acquired, the interval used between stacks varied from 1.7 (optimal) to 3.5 µm. Excitation of EGFP and mRFP1 was performed using a 488-nm argon laser and a 561-nm diode-pumped solid-state laser, respectively. To verify the live-imaging conditions, embryos imaged under a typical imaging condition (five stacks every 2 µm at 5-min intervals at 0.5% laser intensity for both lasers overnight during the first division for a period of 10 h, i.e., 120 cycles) were transferred into a foster mother, with imaged embryos on one side and the control on the other side. Nine embryo transfers for a total of 54 imaged embryos and 54 control embryos were performed, giving rise to 23 and 40 live pups, respectively.

Image analysis and statistics
-----------------------------

All image analyses were performed using Imaris (Bitplane). MTOCs were tracked automatically using the tracking function and verified manually. Maturation of MTOC was assessed by measuring the mean intensity value of a 1-µm sphere centered around the MTOC as compared with the background intensity of a 5-µm sphere in the cytoplasm.

The size of the MTOC was defined by the diameter of the circle at which the intensity of the immunostained pericentrin signal becomes half the maximal intensity (Fig. S1 C; [@bib17]). Statistical analyses were conducted using R and SlideWrite Plus (Advanced Graphics Software, Inc.). Distribution of MTOCs in the zygote was evaluated by the two-sample Kolmogorov--Smirnov test applied on the observed value of K3(r) against the theoretical value for complete spatial randomness. K3(r) is the image of r, radius of the point, by the K function of a 3D point pattern calculated using the Spatstat package for R ([@bib1]). A random noise pattern was generated on a cube using ImageJ (National Institutes of Health), which resulted in P = 1 ([@bib43]). An artificially biased and nonrandom pattern (Fig. S1), generated by choosing the 10 most prominent MTOCs and 25 additional dots in a restricted volume in the embryo, gave P = 0.006723 (\<0.05).

Online supplemental material
----------------------------

Fig. S1 shows the measurement of distribution and size of MTOCs in the mouse zygote. Fig. S2 shows that dynein is essential for MTOC maturation, whereas RanGTP facilitates spindle assembly. Fig. S3 shows the presence of multiple MTOCs at prophase during four- to eight-cell division. Fig. S4 shows the progressive emergence of odf2, a centrosome marker. Fig. S5 shows the progressive focusing of spindle poles at 16- to 64-cell stage mouse embryos. Table S1 shows the comparison of the experimental conditions in this study to those used in [@bib44]. Video 1 shows a multipolar spindle at prometaphase during the first division of the mouse zygote. Video 2 shows a time lapse of the mouse zygote during the first division. Video 3 shows a time lapse of the dynein-inhibited mouse zygote during the first cleavage. Video 4 shows a time lapse of the kinesin-5--inhibited mouse zygote during the first cleavage. Video 5 shows the tracking of MTOCs during the first division. Video 6 shows the tracking of MTOCs in the dynein-inhibited mouse zygote during the first cleavage. Video 7 shows the tracking of MTOCs in the kinesin-5--inhibited mouse zygote during the first cleavage. Video 8 shows a time lapse of the mouse embryo during the second division. Video 9 shows a time lapse of the mouse embryo during the fourth division. Online supplemental material is available at <http://www.jcb.org/cgi/content/full/jcb.201202135/DC1>.
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